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Abstract
Plastic particulates in the environment pose an increasing concern for regulatory bodies due to their potential risk
to higher organisms (including humans) as they enter the food chain. Nanoplastics (defined here as smaller than
1 μm) are particularly challenging to detect and analyze at environmentally relevant concentrations and in
biological matrices. The tunicate Ciona Robusta is an effective bioindicator for microplastics and nanoplastic
contamination in the marine environment, due to its capacity to filter substantial volumes of water and to
accumulate particulates. In this proof-of-principle study that demonstrates a complete methodology, following
controlled exposure using spiked samples of a model nanoplastic (100 nm diameter polystyrene spheres) the
nanoparticles were separated from an enzymatically digested biological matrix, purified and concentrated for
analysis. The described method yields an approximate value for nanoplastic concentration in the organism (with a
limit of detection of 106 particles/organism, corresponding to 1 ng/g) and provides the chemical composition by
Raman spectroscopy. Furthermore, this method can be extended to other biological matrices and used to
quantitatively monitor the accumulation of nanoplastics in the environment and food chain.
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Introduction
The release of plastic into the environment is universally
recognized as a major threat not only for terrestrial and
marine ecosystems, but potentially also for human
health [1]. This concern is primarily related to the degradation of plastic materials into micro- and nano-size
particulates that can more easily bioaccumulate [2].
Their growing presence in the environment is raising
concerns at the global level [3, 4] about the potential
risks for human health [5, 6] via contamination of food,
water, soil and air [7–9]. Typical of emerging research
fields, a harmonized classification of environmental
nano-, micro- and meso-plastics remains a topic of
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debate [10]. In recent years, substantial research has
been devoted to the study of microplastics in the environment [11–13]. Well-known sampling protocols and
analytical physical-chemical characterization techniques
acquired in other application fields [11, 14], can be applied. However, when considering the presumed
fragmentation of microplastic objects down to the nanoscale, the full characterization remains a significant
analytical challenge [15, 16]. For instance, at the submicrometer scale, matrix effects and surface contamination
contribute additional difficulties to the analytical tasks.
For purposes of the present work, polymeric objects of
anthropogenic origin, distributed in the size range between 1 nm and 1000 nm, dispersed in an environmental
matrix and presenting colloidal behavior are classified as
nanoplastics [17]. Analytical investigations on such systems are intrinsically complex due to the lack of reliable
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sampling [18] and direct identification methods [19] that
can deliver quantitative information such as nanoplastic
number density, size distribution and polymer
chemistry.
Moreover, detection of nanoplastics in the environment is extremely difficult due to their low concentration relative to other substances of interest. Only a few
papers have been published so far addressing the quantification of nanoplastics in real environmental samples
[9, 20, 21]. For example in the paper [20] environmental
levels of nanoplastics were shown in the of the order of
a few ng/ml. When these levels of contamination are
present in complex matrix they become extremely difficult to be detected. A possible solution to increase the
concentration of nanoplastics in complex matrices is the
use of bioindicators.
In this context, the use of bioindicators is a convenient
methodology to monitor the nanoplastic pollution in a
marine environment due to their capacity to take up and
concentrate nanoscale particles. Ascidians, or sea squirts,
the largest and most diverse class of the sub-phylum
Tunicata (also known as Urochordata), are particularly
interesting for this purpose, being sessile and filter
feeders with great particulate retention ability [22, 23].
Even though food concentration is an important parameter affecting the filtration rate, the exposure to high
food concentration induces the act of “squirting” that allows the organisms to expel material through the atrial
siphon, thus preventing clogging of the branchial sac.
While the turbidity (suspended load) is sensed by ascidians, the nature of particles cannot be discriminated, as
they are mucus net feeders. In fact, studies on particle
retention efficiency showed that smaller particles are
retained at a lesser rate, due to the mucus net porosity
[24]. However, as the branchial cavity is connected to
the visceral cavity by pharyngo-epicardiac openings [25],
we have decided to test the ascidian C. Robusta also for
retention of PS escaped from mucus net. Speaking from
an analytical perspective, suitable methods for the separation and purification of nanoparticles from the organisms are works in progress. The use of chemical
digestion by oxidizing, acidic or basic media to digest
biological matrices has been reported to degrade some,
though not all, plastics present in samples [26]. Fortunately, enzymatic digestion provides a reasonable compromise between digestion efficiency and sample
integrity [27]. Unfortunately, enzymatic digestion leaves
some of the digested matrix in the form of particulates
in the nanoscale size range. This residual material can
interfere with the purification and analysis of the target
nanoplastics. As such, an additional isolation step is necessary to separate the nanoscale plastic components
from the biogenic and non-biogenic residue prior to
analysis.
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In this context, asymmetrical-flow field flow fractionation (AF4) combined with multiple on-line detectors
(MD-AF4) is a highly effective approach that overcomes
some limitations of more traditional separation and
characterization approaches (e.g., size exclusion chromatography), especially for complex samples. Recent papers
have demonstrated the potential of AF4 for the separation of nanoplastics (mostly above 200 nm) [18, 28–30].
,In MD-AF4, particle separation is based on analyte
diffusion counterbalanced by the perpendicular hydrodynamic force provided by cross-flow through the membrane. In this way, discrete particle populations can be
separated, detected, characterized, and approximately
quantified on a single experimental platform. Compared
with other separation-based methods, AF4 is also particularly effective in handling complex matrices, a clear
advantage for analysis of samples derived from biogenic
sources [31, 32]. Moreover, the collection of fractions
enables off-line analysis by microscopic and spectroscopic techniques for a full characterization of the sample, as we will show in this work.
Here we present an original approach to isolate nanoplastics starting from live bioindicators and enabling
nanoplastic detection, counting and identification on-achip. C. Robusta individuals were exposed to different
concentrations of nanoplastic (polystyrene, PS spheres),
dispersed in seawater, for a time period sufficient to filter the entire sample volume. After harvesting and pretreating the ascidian individuals, they are enzymatically
digested. Then the samples are fractionated and characterized by MD-AF4 which has been used mainly as a
preparative technique to remove by filtering through the
semi-permeable membrane a maximum of digested organic compounds and finally to retain, fractionate and
characterized the nanoplastic particles for the next steps.
Each collected fraction is then spotted onto a surfacefunctionalized chip in order to estimate the number concentration of particles present in the whole individual.
Finally, Raman microscopy allows the unequivocal
chemical identification of the nanoplastic.

Materials and methods
Ciona Robusta exposure experiments

As preliminary experiments, three different concentrations of 100 nm diameter Fluoresbrite YG microspheres
(Polysciences, Warrenton, PA USA)1, with an initial concentration at 4.55 × 1013 particles per mL, were tested
and for each nanoparticle concentration, three individual
C. Robusta, kept in different beakers, were used and
checked under a fluorescence microscope at 4 time
1
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point intervals (15 min, 30 min, 1 h, 2 h). The experiments with fluorescent particles confirmed that C. Robusta can internalize and accumulate the nanoplastics in
the gonads.
Next, experiments with non-fluorescent 100 nm diameter PS (Polyscience) were conducted to develop and
evaluate the preparation, fractionation and analysis processes. Briefly, an adult specimen, incubated in 300 mL
of filtered (0.22 μm) natural seawater (FSW, with the following composition Cl 55.07%, Na 30.60%, Sulfate
7.72%, Mg 3.68%, Ca 1.17%, K 1.1%) was exposed for 2 h
to each of the four increasing concentrations of 100 nm
PS: A = 4.55 × 108 particles/mL, B = 4.55 × 109 particles/
mL, C = 4.55 × 1010 particles/mL and D = 4.55 × 1011 particles/mL, while one specimen was kept under similar
conditions without exposing to PS. Then the individuals
were rinsed and manually the tunica was separated from
the C. Robusta in FSW and homogenized in sterile DI
water. A mix of antibiotics (Sigma-Aldrich, P0781) was
added to the homogenate to prevent bacterial contamination before storage at 4 °C.
Sample enzymatic digestion

Samples containing one organism in 1 mL FSW, for each
exposure condition, were thawed, cut, ultra-sonicated
and incubated under stirring overnight at 50 °C in presence of papain solution as part of the protocol previously
described [33]. After incubation, sodium dodecyl
sulphate (SDS, Sigma-Aldrich) was added at a mass fraction of 2%. Each sample was then centrifuged for 15 min
at 13600 rpm to form a pellet. The pellet was then
washed twice with ultrapure water.
Prior to the AF4 separation/detection, pellets were
redispersed in the corresponding supernatant. The final
volume of sample per each condition was 1 mL. Before
injection in the AF4 system, samples were filtered
through 1.2 μm cellulose acetate filters (Amicon® Ultra)
to remove any large aggregates of particles and other
large residual material.
All laboratory equipment and materials used during
the digestion procedure were thoroughly rinsed with
pre-filtered DI water and all solutions were passed
through a 0.22 μm pore size filter before use to avoid
sample contamination.
AF4 separation and fraction concentration, and
purification

Calibration of size versus retention time was performed
using NIST Traceable™ PS size standards purchased
from ThermoFisher (Fremont, CA). A DualTec Eclipse
AF4 instrument (Wyatt Technology, Santa Barbara, CA)
equipped with degasser (Gastorr TG-14, Flom Co., Ltd.,
Tokyo, Japan) and a 1100-series isocratic pump (Agilent
Technologies, Santa Clara, CA), an autosampler (Agilent
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1260 ALS series) and a refrigerated fraction collector
(Agilent 1260 Infinity II Analytical). The system is
equipped with three principal detectors, an Agilent 1200
series UV-Vis absorbance diode array detector (DAD)
and a multi-angle light scattering (MALS) detector (Wyatt DAWN HELEOS II+). Online DLS measurements
were performed using a Wyatt QELS (dynamic light
scattering) integrated directly with the MALS array at an
angle of 99.9°. In this study, UV absorbance was monitored at 254 nm, though it is possible to measure realtime spectra using the DAD. The MALS intensity calibration was performed using a solution of bovine serum
albumin.
AF4 measurement conditions were as follows:
–
–
–
–
–

1 mmol/L NH4NO3 mobile phase
Short AF4 channel, 145 mm
350 μm mylar trapezoidal spacer
30 kDa regenerated cellulose membrane
Injection volume 250 μL

The elution program is detailed in Table S1 in the
Supplementary Material. Radius of gyration was determined using the MALS data and applying the Berry
model of the Debye plot in the Astra software [34]. MDAF4 data was analyzed using Agilent OpenLab and Wyatt Astra 6.1.4.25 software. Fractions collected following
AF4 separation and online analysis were then concentrated first using an Amicon® Ultra-4 centrifugal filter
unit (Ultracel-100 regenerated cellulose membrane, 4
mL volume, UFC810024) to (200 to 300) μL, and then finally using an Amicon Ultra-0.5 centrifugal filter unit
(Ultracel-10 regenerated cellulose membrane, 0.5 mL
volume, UFC501024) to (20 to 30) μL. Corollary experiments with 100 nm PS particles using UV absorbance
showed high recovery (≥ 95%) along this concentration
step.
Manual spotting

Manual spotting was performed by pipetting 1 μL solution on different surfaces to create droplets. To avoid
droplet evaporation and to limit the formation of a “coffee ring”, samples were incubated in a closed box at 4 °C
at a relative humidity > 85%, for the duration of the exposure time, and then rinsed with DI water (the chip
was immersed in a volume of 10 mL DI water in a beaker and shaken for 2 min) to remove the nonelectrostatically bound particles and/or any persistent
post-digestion biological matrix products.
Microspotting system for method development

We used a piezoelectrically actuated inkjet dispenser
(Microfab Technologies, Plano, TX, USA) with a nozzle
orifice diameter of 50 μm to obtain well-characterized
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microdroplets of aqueous solutions and suspensions.
We followed inkjet printing methods detailed by Verkouteren [35] with some changes ̶ notably a “dip and
sip” procedure for filling the dispenser with the limited amount of prepared fluid. An inspection camera
with a zoomable magnification lens and oblique lighting allowed the nozzle to be positioned precisely
either over a well in a microplate or the target area
of a substrate using the joystick function of the motion controller.
First, a 100 μL aliquot of the prepared fluid was pipetted manually into a well and placed into the printing
chamber, where the dispenser nozzle was carefully positioned and dipped fully into the fluid. A slightly negative
back-pressure was applied to draw the fluid up into the
dispenser.
Gravimetric system

We measured the average droplet mass by moving the
dispenser to a sub-microgram balance. A weighing vessel
partially filled with water was placed on the balance. Repeatedly, five thousand droplets were dispensed into the
weighing vessel at 100 Hz while a data collection script
recorded the time and mass reading approximately every
second. The average droplet mass was calculated after
correcting the mass measurements for evaporation. An
exhaustive assessment of uncertainty indicates that droplet mass (in the range of 50 ng to 150 ng) determined by
this method is known to better than 1% relative expanded (k = 2) uncertainty [35].
Microspotting for Raman spectroscopic analysis

Microspotting for Raman spectroscopic analysis was performed by an automated piezoelectric microarrayer (S3
sciFLEXARRAYER, Scienion AG, Germany). The substrate was placed on a hot plate, pre-heated to 80 °C and
kept at stable temperature under atmospheric (non-controlled) humidity conditions during the full spotting procedure. Drop frequency was set to 10 Hz, the nozzle was
filled with 10 μL sample and 30,000 drops with a nominal volume of about 0.4 nL were deposited to the same
location on the superhydrophobic chip. The spotted material was spectroscopically analyzed without any further
treatment by Raman microscopy.
Confocal Raman spectroscopic analysis of the spotted
sample was performed using a WITec alpha300 confocal
Raman microscope (WITec, Germany), equipped with a
533 nm laser. Optical images of the spot were taken
using a 10x objective, while chemical mapping of the
area of interest was performed with a 100x objective at
500 nm resolution using a piezo stage. An integration
time of 10 s was applied for the collection of spectra at
each pixel. Spectral images were baseline subtracted and
processed with the Basis Analysis function of the WITec
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Project software. A sample consisting of N different ma!
terials shows a linear superposition S of all its basis
spectra.
! XN
!
S ¼
a Bk
k¼1 k

ð1Þ

!
If the basis spectra B k of the pure materials are
known, the weighting factors ak are estimated by a least
square fit.
!
The reference spectrum B k of polystyrene used in the
calculations was collected earlier with the same instrument using a 10x objective and at 10 × 10 s integration
time, using a polystyrene sheet purchased from Goodfellow (Huntingdon, England) Identification of cellulose
acetate particles was performed using the UVIR Manager software of ACDLabs (Toronto, Canada) and a labconstructed polymer database.
Surface modification

10 cm Si (100) wafers were diced into 15 mm × 15 mm
square pieces using a dicing saw equipped with a 15 μm
diamond-impregnated metal blade and cleaned sequentially in a sonicated bath for 5 min in methylene
chloride, acetone, and methanol to remove organic contaminants. To create a hydrophilic surface, Si pieces
were immersed in a 3:1 (H2SO4:H2O2) Piranha solution
for 10 min, rinsed in ultrapure water, and dried under a
stream of liquid nitrogen (Safety note: Piranha is highly
corrosive and an extremely powerful oxidizer. Use
proper safety gear, and always pour H2O2 into the acid,
never in reverse). The treatment creates a hydrophilic
surface with a water contact angle (WCA) of roughly
20°. To create a hydrophobic surface, a thin layer of a
low-energy fluorocarbon was self-assembled onto the Si
surface by molecular vapor deposition, where the Si
pieces were exposed overnight to 5 mg of 1H,1H,2H,2Hperfluorodecyltrichlorosilane (FDTS) (Alfa Aesar, Ward
Hill, MA) inside a small plastic container. This creates a
hydrophobic surface with a WCA of roughly 110°. To
create a superhydrophobic surface (WCA > 130°), the
cleaned Si pieces were etched in a 80 °C bath of 3% mass
fraction KOH and 5% volume fraction isopropyl alcohol
in water for 30 min to introduce micro- and nanostructures on the surface. A low-energy chemistry was then
added to the surface using the same FDTS chemistry
and self-assembly mentioned above. The modification of
the surfaces to generate a positive charge was made by
dip coating of poly (diallyldimethylammonium chloride),
PDDA (Sigma Aldrich, CAS Number 26062–79-3), at a
concentration of 4% volume fraction in filtered high
purity DI water.
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SEM/EDX and image analysis

Scanning electron microscopy was performed using an environmental SEM (ESEM) (ThermoFisher- The
Netherlands) working at low pressure, equipped with a
Bruker (Germany) Energy Dispersive X-Ray (EDX)
analyzer. The measurement for the surface density was
obtained by SEM imaging of the droplet footprint in combination with ImageJ software analysis (https://imagej.nih.
gov). The analysis was performed using the Analyze Particles Function of ImageJ, nanoparticle boundaries were
identified as red stains on a black background and only
those with a size between 100 and 200 pixel units and circularity value between 0.80 and 1.00 were taken into account for the coverage degree calculation. The number of
particles measured per each exposure condition was calculated as the average of three images collected at different locations inside the droplet footprint. The uncertainty
for the measurement of the number of particles was calculated as the standard deviation obtained from the calculation of number of particles on the three images.
Some images have been acquired using a field emission SEM (FESEM), Nova600i Nanolab (ThermofisherThe Netherlands).

Results and discussion
C. Robusta exposure to PS and enzymatic digestion

The preliminary experiments using fluorescent labelled
PS spheres were aimed at selecting a range of doses and
exposure times to ensure detectable PS particles in the
C. Robusta. The experiments with fluorescent particles
confirmed that C. Robusta internalizes and accumulates
the PS nanoparticles in the gonads (Fig. 1b and c). Figure 1a shows the corresponding bright field image.
Accumulation of PS in the organism increased with
both exposure time and concentration as expected (data
not shown). Similarly, C. Robusta was exposed for 2 h to
each of four increasing concentrations of the nonfluorescent 100 nm PS spheres (from 4.55 × 108/mL to
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4.55 × 1011/mL), and one organism was kept under similar conditions, but without PS, as a control. Following
homogenization, digestion and pre-filtering, the resulting
samples were ready for fractionation and analysis.
AF4 fractionation and pellet purification/concentration

The primary objective here was to use AF4 as a preparative technique to isolate and concentrate nanoplastics in a
specific size band from a complex medium for offline analysis, not as a stand-alone analytical method. Initially, a
MD-AF4 method was applied based on previous experience and following standard practice [36]. This method
was then tested and optimized further using four monodisperse PS sphere populations that encompass the size of
the exposure material and with nominal diameters of 30 ±
1 nm, 60 ± 4 nm, 100 ± 3 nm and 203 ± 5 nm. The detailed
parameters of the final optimized method are reported in
supplemental Table S1. Applying this AF4 method, PS
particles were fractionated with narrow single elution
peaks at distinguishable retention times (Figure S1), tR,
with tR = (6.7, 10.5, 15.6 and 30.2) min for (30, 60, 100 and
203) nm particles, respectively. Moreover, the analysis of
these four PS samples using the optimized method yielded
very high PS recovery (≥ 95%), based on integrating the
UV absorbance at 254 nm (with and without focus+crossflow). As expected, retention time increases with increasing nominal particle size according to diffusiondominated “normal mode” fractionation operable for particles smaller than about 0.5 μm. But as particle size approaches the micrometer range, a transition from normal
to steric mode will occur, resulting in a reversal of the correlation between size and retention time [37]. Although
this transition poses a potential complexity in the AF4
analysis, the optimized method used here generally excludes micrometer size particles, if present, from interfering with the fractionation and isolation of nanoplastics, as
the larger particles will be retained under the conditions
of this study and only elute after removal of cross-flow.

Fig. 1 a Bright-field optical image of a C. Robusta exposed to fluorescent 100 nm PS particles and b Fluorescence microscope image of the same
field of view evidencing the presence of the 100 nm PS particles in the gonads (and spermiduct); c Individual in which the wall of visceral cavity
has been cut to better show the presence of fluorescent PS particles in the gonads and gonoducts
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The three online detectors (UV-Vis DAD, MALS, and
DLS) together provide a high-resolution characterization
of the fractionated “slices” (e.g., UV-Vis absorbance
spectra, root mean square (RMS) diameter and hydrodynamic (DLS-based) diameter). Specific fractions are
collected for offline analysis over retention times as defined in Fig. 2. The presence of an ultrafiltration membrane in the AF4 channel offers an additional benefit, in
that compounds with a molar mass smaller than about
30 kDa (membrane cut-off) are mostly removed through
the membrane providing an additional “cleaning” step
for complex media that allows for improved analysis
downstream. This molar mass cutoff corresponds to
proteins smaller than about 5 nm. In the present case,
this enables removal of much of the residual organic
matter after digestion without loss of the nanoparticles.
It should be noted that analyte interactions with the
membrane can impact the fractionation process, altering
the retention time and decreasing recovery. These
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interactions should be assessed and mitigated, if necessary, during method development. In this study, PS
spheres did not substantially interact with the membrane, as shown by the high recoveries already reported.
This MD-AF4 optimized method was then applied to
digested C. Robusta individuals incubated with a known
number of 100 nm PS particles (samples A, B and C;
sample D is not shown), and one control incubated
without PS particles (see Fig. 2). For each sample, a volume of 250 μL was injected into the mobile phase.
For the three exposed samples, two peaks can be distinguished (UV + LS), one immediately after the void
peak (tR = 0 min) and another centered at tR = 40 min
(i.e., just after cross-flow decays to 0). Between these
peaks is a long featureless elution period containing a
very low but detectable particle presence that overlaps
with the expected retention time range for 100 nm PS
(see overlaid, dotted peak in Fig. 2a). On the other hand,
there is no detectable LS signal in the control sample,

Fig. 2 AF4 fractograms for three digested-filtered C. Robusta incubated with 100 nm PS and the associated control sans PS. The solid lines
correspond to the MALS signal at 90°, the dashed lines correspond to the UV absorbance at 254 nm. The scatter plots (green and black)
correspond, respectively, to the RMS diameter and the hydrodynamic diameter of the particles. On fractogram A, a dotted line is superimposed
that represents the 100 nm PS peak measured separately (not from C. Robusta exposure); this data was used to define the elution range for
collection of fraction 2 in samples a, b and c, which have increasing PS exposure levels
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only UV absorbance due most likely to residual organic
species not removed through the membrane, thus confirming the absence of PS. In samples A-C, the LS peak
at 40 min shows a sharp increase in intensity that correlates with the increase in PS exposure, suggesting this
peak contains agglomerated PS. This is confirmed by the
online analysis that yields sizes in excess of 200 nm. By
comparison, the fast-eluting smaller peak has a relatively
high UV absorbance (compared to LS signal) and is not
very consistent or well defined. Given the smaller LS
signal present, this peak contains some PS, possibly
entrained with the same residual organic matter indicated in the control sample. Our target for this study
was the unagglomerated, 100 nm PS particles that we expect to elute between retention times of roughly (12 to
20) min – assigned based on the aforementioned experiments summarized in Figure S1. The online RMS and
DLS diameters measured across fraction 2 confirm our
expectation; the measured size is not entirely consistent
here, though it suggests a diameter close to 100 nm. The
lack of consistency is due to the low scattering intensity
in this range.
Recovery in AF4 is determined using a mass sensitive
online detector with and without focus+cross-flow, in
this case by integration of UV absorbance at 254 nm.
For samples A, B and C, recovery was quantified in this
manner, but a substantial portion of the UV absorbance
is due to residual organic matter resulting from sample
digestion (i.e., not PS analyte alone). Hence, for A, B and
C the recoveries were 13%, 12% and 20%, respectively.
While these numbers are well below generally acceptable
recovery for AF4 (70%) [38], in this case it actually reflects the efficiency with which low molecular mass residues from digestion are removed during analysis; the
UV absorbance without focus+cross-flow is very high
relative to absorbance during fractionation due to the residual material in the complex media (thus the low calculated recoveries).
Following AF4 separation and as highlighted in Fig. 1,
fractions were automatically collected at retention times
associated with the initial peak (fraction 1), the 100 nm
PS (fraction 2) and the final peak (fraction 3). Each AF4
fraction, consisting of a volume of 5 mL, was purified
and concentrated using 0.5 mL regenerated cellulose
centrifugal filters with a cutoff at 10 kDa; this step provided a 200x concentration of the samples to bring the
final volume to 25 μL. Considering an AF4 injected sample volume of 250 μL at the beginning of the process, we
obtain a concentration factor of 10x at the end of this
process. This concentration factor has been considered
for the estimation of the concentration of PS particles in
the next steps of the analysis. A quantitative assessment
of all potential losses and evaluation of the concentration efficiency will be performed in future work that
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focuses on validation of the methodology and application to other nanoplastics including materials derived
from marine environments; this is beyond the scope of
this proof of principle study.
Particle ordering on the surfaces by manual and
microspotting

The controlled deposition of the concentrated AF4 fractions onto the functionalized chip was performed by
manual spotting and by microspotting. While the former
involves manually pipetting a small volume of the sample (< 1 μL) directly onto a chip, the latter uses a piezoelectric micro-nozzle driven by a waveform generator
that produces very small droplets of around 80 pL.
Water contact angle (WCA) of the chip surface plays
an important role in the process. Surfaces characterized
by low values will induce the spreading of the droplet,
with a consequent increase of the droplet footprint
diameter (α). In this work, we compared α from three
functionalized chips: 1) An oxidized Si wafer dip coated
with positively charged poly (diallyldimethylammonium)
chloride (PDDA) (SiO2-PDDA, CA < 20°), 2) an asreceived silicon dip coated with PDDA (Si-PDDA, CA =
50°), 3) A perfluorodecyltrichlorosilane (FDTS)-coated Si
wafer that was subsequently dip coated with positively
charged PDDA (Si-FDTS-PDDA, CA = 85°. The surface
polarity (defined here as the sign of the streaming potential at pH = 7) is important for inducing a controlled adsorption (immobilization) of the nanoparticles to the
collector surface by electrostatic forces. The water angle
parameters of the different surfaces are summarized in
Table S2.
When a liquid containing nanoparticles is in contact
with a chip surface their adsorption depends on two
physical limitations: energetics favorability and transport
kinetics. The first effect is regulated by the extended
Derjaguin-Landau-Verwey-Overbeek (XDLVO) theory
[39], governing the energetics of adsorption between
particles and a surface. Under the previously described
conditions, the surface density of particles immobilized
on the surface is Ns/S, where
N s ¼ C0

pﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃﬃ
tK B T =12πηr

ð2Þ

and S is the observed area. In Eq. 2, C0 is the particle
concentration in the bulk medium, t is time, KBT is thermal energy, η is the viscosity of the medium and r is particle hydrodynamic radius. From this equation, the
number of particles deposited at a constant temperature
for a given medium (typically water) over a fixed time
period is proportional to the bulk concentration. Due to
the separation process in AF4, individual fractions generally contain nearly monodisperse particle populations
with respect to hydrodynamic size [40]. The model is
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valid for an ideally monodispersed suspension of particles in a medium characterized by a certain viscosity.
Higher particle density is obtained primarily by controlling the particle-surface interaction and limiting the size
of the droplet footprint. The particle surface density is
relatively homogenous inside the footprint of the droplet, since the formation of a “coffee ring” is limited by
avoiding the evaporation of the droplet during the incubation time (see Materials and methods section). A
representative SEM image of particles distributed over
the surface near the boundary of a droplet is shown
in Figure S4. Particle surface density as a function of
droplet footprint is shown in Fig. 3. The droplet footprint is controlled by the wettability of the chip. The
footprint diameter (α) equal to (3, 2 and 1 mm
(Fig. 2a, b, c respectively) is obtained by manual spotting 1 μL of suspension on SiO2-PDDA (CA < 20°), as
received silicon-PDDA (CA = 50°) and silicon-FDTSPDDA (CA = 85°). Within uncertainty, the observed
differences in surface density (Fig. 3a, b and c) are
only due to the footprint of the droplet, given that
surface charge and contact time are the same for the
three surfaces.
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To further reduce the footprint and to increase the
areal density, a microspotter was evaluated to produce
much smaller droplets. For example, by dispensing a
series of small droplets over a 10 min period, using a frequency adjusted to the evaporation rate of the droplets,
the particle coverage was successfully increased by a factor of 2 through a 50% reduction in α (Fig. 3d). Further
reduction in α was observed by increasing the surface
temperature, in this case to 50 °C, by using a hotplate
during deposition (Fig. 3e). By instantly evaporating the
droplet upon deposition, an area of about 4000 μm2 was
achieved. An optical image of the droplet and the evolution of the droplet with time is shown in Figures S5a
and b, respectively. This is the smallest footprint obtained on the Si-FDTS-PDDA surface. The droplets are
ejected at a frequency of 10 Hz and instantaneously
evaporate when they impinge on the hot surface. In this
way, the droplet footprint area is kept relatively constant
through the duration of the dispensing process. As can
be seen in Figure S5a and b, the evolution of the footprint is very small, around 3 × 10− 5 mm2/min, making
the technique useful for dramatically increasing the areal
density of the particles.

Fig. 3 SEM images showing the dependence of the particle coverage on the footprint of the droplet, using a constant total volume. Results of
manual spotting (1 μL) the sample onto a a SiO2 - PDDA surface (CA < 20°), b Si-PDDA (CA = 50°), and c Si-FDTS-PDDA (CA = 85°). Results of
microspotting a series of droplets (468 nL/deposit) on the Si-FDTS-PDDA (CA = 85°) surface are also shown, comparing the footprint and particle
coverage on a surface held d at room temperature and e at 50 °C on a hotplate. f A plot showing the relationship between particle coverage
with the footprint of the droplet
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At a particle concentration between 106 and 1010 per
mL (corresponding to an equivalent mass of PS of 0.5 ng
and 5000 ng per mL), the surface coverage obtained by
microspotting can be detected by SEM (data not shown).
Measurement of PS concentration in the exposed C.
Robusta samples

The calibration solutions consist of 100 ± 3 nm PS
spheres dispersed, at different concentrations, in a
digested sample of C. Robusta not previously exposed to
PS in the laboratory. The measurement of PS particle
concentration in the exposed C. Robusta samples was
determined by manually spotting the concentrated fractions on the silicon-FDTS-PDDA functionalized chip.
The 1 μL droplets were incubated for 12 h on the chip
surface, together with the calibration solutions. The results for the different fractions are shown in Fig. 4. For
each fraction, the number of particles bound to the surface is proportional to the particle concentration in the
bulk. Fraction 2 (C2, B2, A2) contains particles having a
diameter of about 100 nm, as demonstrated by the preliminary AF4 experiments. This procedure enables the
maximization of the number of particles reaching and
binding to the surface, as shown in the previous section.
The set of calibration concentrations is shown in
Figure S2.
The concentration of particles in the fractions is calculated by the following equation:
½C fraction ¼

1
kN fraction
10

ð3Þ

where Nfraction is the number of particles counted by
SEM on the surface of the collector (counting made by
image analysis software, details in the Materials and
methods section), k is the calibration constant measured
for the concentration series of PS beads. The value is divided by 10, which is the concentration factor obtained
after the AF4 analysis.
In the present study, k = 1.6 × 106 /mL. The factor k
was calculated by the linear fit of the calibration curve
(Figure S3). Using these values, the concentration of PS
particles in the exposed C. Robusta samples at the different doses are calculated and shown in Table 1, which
shows the original concentration of PS to which the organism was exposed in the experiment, the total number
of particles passing by the organism filters (calculated as
the particles contained in the volume of water where the
organism has been incubated – since during the incubation time the organism is able to filter the entire water
volume), the number of particles counted by SEM on
the chip, and the concentration in the solution calculated using Eq. 3. Particles are counted on three different
equivalent SEM areas and averaged. SEM analysis is
shown in Fig. 4. The uncertainty intervals are ± one

standard deviation for the three SEM image analyses.
EDX analysis confirmed that the large majority of detected objects in the fractions (A2, B2, C2 and D2) were
PS particles. They contain only carbon as an element,
compared to other particles that contain oxygen or other
inorganic elements. Examples of detected particles and
their assignment are shown in Table S3.
Interestingly, an expected monotonic correlation between the dose of PS and the concentration of PS
retained by the C. Robusta is not observed. The highest
retention of particles corresponds to the C. Robusta exposed to a concentration of 4.55 × 109 PS/mL (sample
B). We attribute this unexpected result to a different agglomeration state of the particles in the seawater (versus
laboratory water), also the behavior of the C. Robusta in
the presence of high concentrations of particles, leading
to turbid conditions, plays an important role. Briefly, a
current of water entering from the inhalant syphon
passes through the pharynx or branchial sac coated with
a mucus net, a mesh-like structure produced continuously by the endostyle [23]. The mucus-gathered particles are continuously transported to the digestive tube,
while cleared water passes through numerous stigmata
ciliated openings of the pharynx wall into the atrial cavity and eventually is ejected through the exhalant siphon.
A visual scheme of the described mechanisms is shown
in Fig. 5. Applying this model for the case of PS, for the
two highest concentrations of PS, the particle agglomeration and the turbidity likely induces rapid expulsion of
the particles by C. Robusta (so called squirting), leading
to a reduced internalization of particles. The consequent
retention is very low (as low as one in every 108 particles
is retained by the organism). For the two lowest concentrations, the retention of particles is much higher – at
least one particle for every 1000 particles is retained by
the organism at a concentration of 4.55 × 109 PS/mL.
The retention efficiency (number of particles available
for the organism/measured particles in the organism) is
reported in Table 1. Although further testing and validation is necessary for a complete mass balance, these results suggest that C. Robusta is a very good candidate to
serve as a bioindicator for PS, since it shows much better
retention efficiency at low particle concentration. Low
concentrations are more relevant for expected environmental exposure levels. Further studies are needed to
confirm this hypothesis. We believe this data represents
the first demonstration of Millar’s hypothesis that there
is an exchange of water between branchial and visceral
cavities [41].
Identification of PS by Raman

By using the microspotting technique, we exploited the
tendency for nanoparticles to cluster as the droplet dries
[42], with their size varying from a few hundred
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Fig. 4 Representative SEM images of the different fractions of PS nanoparticles as spotted on the silicon-FDTS-PDDA surface by manual spotting. The
number after the sample name (1–3) corresponds to the fraction number, A, B, and C indicates the sample, with PS exposure increasing from A to C

Table 1 Summary of the exposure experiments and the calculated concentration of particles retained in the different C. Robusta
samples exposed to different doses of particles
SampleFraction Dose concentration
(PS part/mL)a

Number of particles available for
organism (PS particles)

Counted on
chip (n)b

Measured concentration
(PS part/mL)

Retention
efficiencyc

A2

4.55 × 108

1.37 × 1010

677 ± 17

(8.1 ± 0.1) × 107

5.93 × 10− 03

B2

4.55 × 109

1.37 × 1011

1763 ± 21

(2.1 ± 0.1) × 108

1.55 × 10− 03

6

C2

4.55 × 10

1.37 × 10

32 ± 5

(3.8 ± 0.8) × 10

2.80 × 10− 06

D2

4.55 × 1011

1.37 × 1013

4±2

(4.8 ± 3.2) × 105

3.50 × 10− 08

a

10

12

The dose concentration of particles has an uncertainty of 15% as declared by the vendor
It is possible that surfaces are contaminated with other particles. The very low number of particles counted on chip in sample D2 is probably too close to the
detectable limit of particle, so it can be approximated to zero
c
The Retention Efficiency is calculated as the measured concentration of particles in the fraction and the number of particles available for the organism
b
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Fig. 5 Schematic representation of an adult individual of C. Robusta highlighting water circulation (blue arrows). Incoming particles (red dots),
with a size bigger than the mucus net grids, move to the oesophagus. On the other hand, smaller particles (green dots) preferentially pass
through the pharynx ostia and they are expelled. Some particles reach the visceral cavity through the pharyngo-epicardiac openings and
accumulate in the gonads

nanometers to tens of micrometers, as can be seen in
Figures S6a and b. This artefact provided sufficient signal for analysis by conventional Raman confocal
microscopy.
The fraction B2, i.e., the one containing the largest
concentration of PS, was microspotted over a superhydrophobic surface to maximize clustering of the particles. A relatively large volume of sample (1.2 μL) was
dispensed onto the same location of a heated surface by
a microspotter producing single droplets with a volume
of 0.4 nL, at a frequency of 10 Hz.

An area of 625 μm2 (the red area in Fig. 6a) was
then scanned by conventional confocal Raman microscopy with steps of 500 nm and an integration
time of 10 s per point. Using a known polystyrene
spectrum as a reference (Fig. 6b, bottom curve), spectral regions containing characteristic PS peaks were
identified using basis analysis in the nanoparticle
clusters (Fig. 6b, top curve). Using this information, a
2-channel image was then generated highlighting the
pixels containing those characteristic peaks as shown
in Fig. 6c.

Fig. 6 Confocal Raman microscopy characterization of the microspotted fraction D2. a optical image; b typical spectrum of a nanoparticle cluster
(top curve) and PS reference (bottom curve), with the light blue spectral zones showing the presence of characteristic PS peaks; c color map of
the clusters obtained by the base component analysis, identified as PS. In (a), the PS clusters appear light under white light illumination and are
present throughout the deposit. The red box in (a) represents the scanned area by Raman spectroscopy
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Other polymeric objects were also found in the same
deposit, and their results are shown in Figure S7. These
objects were attributed to cellulose acetate with an 85%
match according to an in-house-constructed polymer
database. The presence of cellulose acetate nanoparticles
could be due to release from the 1.2 μm syringe filters
used prior to the AF4 separation.
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perfluorodecyltrichlorosilane; FESEM: Field Emission Scanning Electron
MicorscopeMicroscope; FSW: Filtered Seawater; LOD: Limit of detection;
MALS: Multi Angle Light Scattering; MD-AF4: Multiple Detector Asymmetric
Field Flow FieldFlow Field Flow Fractionation; PDDA: Poly
(diallyldimethylammonium chloride); PS: Polystyrene; RMS: Root Mean
Square; SDS: Sodium Dodecyl Sulfate; SEM: Scanning Electron
MicorscopeMicroscope; WCA: Water Contact Angle; XDLVO: Extended
Derjaguin-Landau-Verwey-Overbeek

Supplementary Information
Conclusions
In summary, there are two main innovative aspects demonstrated in this prototype investigation: the first is the
evidence of the behavior of the selected bioindicator, C.
Robusta, and its ability to internalize and concentrate
small polymeric particles (< 1 μm) without affecting their
size and shape. The second is the multistage method for
the extraction and purification of the particles from a
complex matrix, enabling their counting and identification. Extraction of the particles is enabled by
homogenization followed by enzymatic digestion. Subsequently, isolation/characterization is achieved by MDAF4. Finally, counting and identification are obtained by
an on-chip analysis of the isolated and concentrated
fractions.
Identification is facilitated by inducing the formation
of particle clusters on the chip during the drying of the
droplets ejected by a microspotter. The formed clusters
are then detectable by conventional confocal Raman
spectroscopy. By mapping the footprint of the droplets,
it is possible to identify the unique spectrum of the different particles constituting the fraction.
The exposure-preparation-analysis scheme presented
here has broad implications for the risk assessment of
nanoplastics and microplastics in marine environments.
Risk analysis is heavily dependent upon the ability to accurately measure the quantity of species present and to
characterize their chemical and physical properties. At
the same time, recent articles in the scientific literature
and in mass media have consistently emphasized the
substantial challenge posed by the need to isolate and
measure sub-micrometer plastics at ultra-low concentrations and in complex natural media. In this prototype
study we have demonstrated the essential components
of a process to address this challenge. Future efforts
should focus on further optimizing and validating the
methodology. In particular, a more extensive study will
allow for precise assessment of LOD, recovery, measurement precision and reproducibility. Extension to other
nanoplastic materials is also required for full validation,
including environmentally sourced materials.
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